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A B S T R A C T   

Net rhizodeposition corresponds to the portion of living root carbon (C) that remains in the soil after microbial 
processing and partial decomposition. Although it is assumed that this C input exerts an important role in the 
formation of soil organic matter (SOM), its contribution to distinct SOM pools is still not fully understood. In this 
study, we aimed to (i) quantify the retention of net rhizodeposition C in the different SOM fractions and in 
reactive Al and Fe mineral phases and (ii) investigate how rhizodeposition drives the spatial distribution of 
microbial communities in the rhizosphere. To track the transfer of net rhizodeposition into the soil, we used 
artificially labeled eucalypt (Eucalyptus spp.) seedlings under a 13C-CO2 atmosphere (multiple-pulse labeling). 
Combining physical SOM fractionation and the chemical extraction of aluminum (Al) and iron (Fe) reactive 
phases, we studied the distribution of net rhizodeposition into different soil fractions. We also assessed the 13C 
incorporation into microbial phospholipid fatty acids (PLFAs) at different distances from the roots. Our results 
show that 76 % of the net rhizodeposition 13C was retained within the mineral-associated organic matter 
(MAOM) fraction. About 28 % of net rhizodeposition 13C within the MAOM fraction was retained within the Al 
and Fe reactive phases, indicating that this is a sizeable mechanism for the retention of net rhizodeposition in 
soil. Rhizodeposition increased the abundance of microbial PLFAs exclusively in the soil close to the roots (0–4 
mm), with prominent incorporation of net rhizodeposition 13C into fungal biomarkers. Overall, our findings 
underscore the importance of mineral associations for the retention of net rhizodeposition in the soil. We also 
highlight the role of fungi in transferring the root-derived C beyond the root vicinity and promoting the for
mation of occluded SOM.   

1. Introduction 

Rhizodeposition, i.e., the process of release of root-derived carbon 
(C)as exudates, mucilage or sloughed-off cells into the soil, represents a 
substantial proportion (7–11 %) of the carbon (C) flux from plants into 

the soil (Hinsinger et al., 2009; Jones et al., 2009; Pausch and Kuzyakov, 
2018). Presumably, the vast majority of rhizodeposit C returns to the 
atmosphere after a few hours or days via microbial mineralization, and 
only a minor fraction of the rhizodeposit C persists in the soil for a longer 
time (Pausch and Kuzyakov, 2018). This portion of rhizodeposit C that 
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persists in soil C pools either via its direct transfer and/or following 
microbial assimilation is defined as net rhizodeposition (Pausch and 
Kuzyakov, 2018). Recent evidence points that net rhizodeposition con
tributes significantly to the formation of persistent soil organic matter 
(SOM) (Cotrufo et al., 2013; Sokol et al., 2018; Villarino et al., 2021). 
Nevertheless, the mechanisms responsible for converting it into SOM are 
still poorly understood (Kögel-Knabner, 2017). 

The persistence of SOM in the soil is attributed to two main mech
anisms: (i) spatial inaccessibility, provided by the occlusion in aggre
gates (Angst et al., 2017; Baumert et al., 2021, 2018), and (ii) interaction 
with mineral surfaces and metal ions through the formation of mineral- 
organic associations (Sokol et al., 2018; von Lützow et al., 2006). The 
interaction with the mineral matrix is assumed to be dominant in the 
preservation of net rhizodeposition (Sokol et al., 2018; Villarino et al., 
2021), although it is complicated to evaluate the relative importance of 
each mechanism separately. One possible way to disentangle the 
importance of these two mechanisms responsible for the retention of net 
rhizodeposits in the soil is to use physical SOM fractionation according 
to particle size and density. Separating SOM into distinct fractions is a 
widely used technique that can provide a quantitative description of the 
mechanisms responsible for the retention of rhizodeposits in the soil 
(Angst et al., 2023; von Lützow et al., 2007; Witzgall et al., 2021). 

Among the components of the mineral matrix, reactive phases of 
aluminum (Al) and iron (Fe) are well-known as important agents for the 
formation of mineral-organic associations (Kleber et al., 2005; Mikutta 
et al., 2006). The retention of organic compounds by such minerals is 
often linked to their large specific surface area coupled with the pres
ence of abundant reactive sites suitable for adsorption reactions (Kaiser 
and Guggenberger, 2003) and the capacity of these minerals to entrap 
organic compounds through co-precipitation (Kleber et al., 2015; 
Mikutta et al., 2011). These minerals can retain large amounts of C even 
when present in low quantities compared to other more crystalline 
phases (Porras et al., 2017; Souza et al., 2017). 

The release of rhizodeposits into the soil leads to the formation of a C 
concentration gradient from the roots to the surrounding soil, which 
affects the abundance and composition of the soil microbial commu
nities (Kuzyakov and Razavi, 2019; Paterson et al., 2007). The high 
concentration of C in the vicinity of the roots may provide favorable 
conditions for the microorganisms with low motility that mainly rely on 
the use of easily available forms of C, such as bacteria (Gunina et al., 
2014; Ingwersen et al., 2008; Poll et al., 2006). In contrast, fungal hy
phae can expand beyond the roots, acting as conduits for transferring 
rhizodeposit-C toward more distant regions of the non-rhizospheric soil 
(Johnson et al., 2002; Vidal et al., 2021). Gaining insights into microbial 
spatial gradients is essential to improve our understanding of fate of 
rhizodeposits in the soil. 

The goals of this study were to (i) quantify the retention of net rhi
zodeposition C in the different SOM fractions (free, occluded and 
mineral-associated SOM) and in reactive Al and Fe mineral phases and 
(ii) investigate the effects of rhizodeposition on the spatial distribution 
of microbial communities. To this end, we employed a multiple pulse 
13C labeling approach to track the transfer of rhizodeposit C from 
eucalypt seedlings (Eucalyptus spp.) along the root-to-soil gradient. We 
predict that: (i) the retention of net rhizodeposition C is primarily driven 
by its interaction with mineral matrix, with predominant incorporation 
into reactive phases of Al and Fe, and (ii) the effects of rhizodeposition 
on the microbial community will be restricted to the vicinity of the roots, 
with preferential incorporation of rhizodeposits into bacterial 
communities. 

2. Material and methods 

2.1. Soil characteristics 

The soil was sampled from the 0–20 cm layer of a eucalypt plantation 
in São Sebastião da Vargem Alegre – Brazil (21◦01′37″ S 42◦34′12″ W) 

and was classified as a Rhodic Ferralsol (IUSS Working Group WRB, 
2022 – Fig. S1). The fresh sampled soil was sieved through a 2.0 mm 
sieve, homogenized, and plant (macro) residues were manually 
removed. The soil had the following physicochemical attributes: pH of 
4.0 (H2O); C and N contents of 32.2 g kg− 1, δ13C of − 23.0 ‰, and 1.9 g 
kg− 1, respectively; and clay, silt, and sand contents of 66 %, 9 %, and 25 
%, respectively. Additional biogeochemical soil characteristics are 
shown in Table S1. Before establishing the eucalypt plantation, the site 
was used as pasture with the C4 tropical grass (Urochloa decumbens). 

2.2. Experimental setup 

We set up our experimental units by preparing 16 mesocosms (2.5 L 
plastic pots) filled with the soil material described above. Further, we 
also prepared four ingrowth cores to be placed within each mesocosm; 
hence, we had a total of 64 cores. We set up these ingrowth cores by 
packing the soil inside aluminum cylinders (height 2.5 cm, diameter 4.7 
cm) at a density of 1.13 g cm− 3 (adapted from Shahzad et al., 2015). To 
restrict the root growth inside the cores but to allow the movement of 
water, nutrients, microorganisms, and rhizodeposits, the cores were 
capped at one side with a nylon mesh membrane of 5.0 μm pore size 
(Tegape, Curitiba, Brazil) and sealed at the other side. This was done to 
create a rhizospheric gradient in the soil inside the ingrowth cores. 

Within each mesocosm, four ingrowth cores were placed horizon
tally with a mesh side towards the rooting zone of the seedling. (Fig. S1). 
We set two treatments: with rhizodeposition, which had an actively 
growing eucalypt seedling (Eucalyptus grandis x E. urophylla - I144), and 
control, which was left unplanted (Fig. 1). The seedlings used in this 
study had a similar size and phenological characteristics (four fully 
expanded leaf pairs). In both treatments, a nutrient solution was mixed 
in the soil to provide nutrients before the mesocosm assembly, according 
to specific requirements of eucalypt cultivation in pot experiments 
(Novais et al., 1991 – Table S2). This procedure was done to ensure 
optimal development of the eucalypt plants by minimizing nutrient 
limitations. The soil had a water holding capacity (WHC) of 33 %, and 
the mesocosms were irrigated daily with deionized water to maintain 
moisture between 60 and 80 % of the soil water holding capacity 
(evaluated by weighting the mesocosms). The experiment was con
ducted in a randomized block design in an open greenhouse with 4 
replicates. 

2.3. 13C labeling and unlabeled references 

During the experiment, half of the mesocosms were 13C labeled (four 
mesocosms with plants and four without plants) using a multiple-pulse 
labeling approach (adapted from Machado et al., 2011). The remain
ing half (eight) of the mesocosms were kept as unlabeled references for 
isotopic calculations. We started the 13C labeling 15 days after planting 
the seedlings, and in total, we performed 10 labeling events (Fig. 1). In 
each labeling event, the mesocosms were placed randomly inside a la
beling glass chamber (448.0 dm3) for 10 h and submitted to a 13C-CO2 
enriched atmosphere (Fig. S2). We applied the first four labeling events 
once per week, with one pulse per day. The remaining labeling events 
(5th to 10th) were applied twice a week with two pulses per labeling 
event (one pulse in the morning and another in the afternoon, each one 
lasting 5 h). The 13C-CO2 enriched atmosphere was generated by 
injecting 20 mL of a 1 M H2SO4 solution through a septum into a petri- 
dish located inside the chamber containing 1.0 g of Na2

13CO3 (99 atom 
%). In total, 1.85 g of 13C was added during the labeling, which is 
equivalent to 0.46 g of 13C per plant. 

The remaining half of the mesocosms were kept as unlabeled refer
ences for isotopic calculations. These mesocosms had the same treat
ments (planted and control) and were subject to the same procedure 
described for labeled mesocosms. In contrast to the labeled mesocosms, 
the pulses were done using a non-isotopically enriched Na2CO3 analog 
(Fig. 1). Thus, the overall CO2 concentration would have been similar for 
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both groups of treatments, despite their differential 13C labeling. During 
each labeling procedure (labeled and unlabeled references), the tem
perature was recorded, and the concentration of 12C-CO2 and 13C-CO2 
inside the chamber were measured over time with a cavity ring-down 
spectrometer (CRDS, Picarro, Sunnyvale, United States of America – 
Table S3). 

2.4. Sampling 

To ensure the formation of the rhizosphere within the ingrowth 
cores, the development of the root system was monitored through 
destructive sampling of additional experimental unities that were grown 
in the same conditions as the plants of our study. The formation of a 
substantial root mat in the vicinity of the mesh of the cores was observed 
66 days after planting (Fig. S3), indicating that the mesocosms were 
ready for sampling. After the sampling of the plants (Table S4), one of 
the cores (out of four) per mesocosms was collected and sliced into four 
layers: 0–4, 4–8, 8–15, and 15–25 mm (distance to the root – Fig. 1). The 
sectioning of the layers was done with an adapted holding device 
pushing the soil layer out of the cores and progressively cutting the 
layers manually with a razor blade. A subset of approximately 3.0 g of 
each layer of soil was freeze-dried for phospholipid fatty acid (PLFA) 
analysis, and the remaining soil was air-dried and sieved at 2.0 mm. The 
three remaining ingrowth cores were separated to be used in another 
experiment and are not part of this study. 

2.5. SOM fractionation 

To quantify the distribution of net rhizodeposition 13C in different 
SOM fractions, soil samples from the 0–4 mm layer were fractionated 
according to a combined density and particle size fractionation adapted 
from Mueller and Koegel-Knabner (2009). For this analysis, only sam
ples from the 0–4 mm layer were selected because of their proximity to 
the roots and their higher 13C enrichment. Briefly, 3.0 g of air-dried soil 
was gently saturated with 40.0 mL of sodium polytungstate (SPT) so
lution (density of 1.8 g cm− 3) and left overnight. Subsequently, the 
floating free particulate organic matter (fPOM) was collected with suc
tion using a vacuum pump. The remaining suspension was ultra
sonicated with an energy input of 460.0 J mL− 1 (Carolino de Sá et al., 
1999) to release the occluded particulate organic matter (oPOM), which 

was collected with vacuum pump after centrifugation (2744 g for 30 
min). The fPOM and oPOM fractions were rinsed with deionized water 
using a pressure filtration system (0.22 µm pore nylon filter – Berrytec, 
Grünwald, Germany) until the electrical conductivity was below 2.0 μS 
cm− 1 to remove excessive salt from the above fractions and thus allow 
quantification of C and N in the POM fraction (Angst et al., 2016). The 
remaining mineral residue was washed with deionized water until the 
electrical conductivity was below 50.0 μS cm− 1 (Angst et al., 2016). To 
avoid the loss of mineral particles, the water used to wash the mineral 
fraction was collected and rinsed in a pressure filtration system like the 
fPOM and oPOM fractions. After the removal of salts, the mineral resi
dues retained on the filter were combined with the remaining mineral 
residues and sieved through a 63.0 μm mesh sieve using deionized water 
to obtain the fractions smaller than 63.0 μm (henceforth referred to as 
mineral-associated organic matter - MAOM) and larger than 63.0 μm 
(sand-sized organic matter - SSOM). The mean recovery of the SOM 
fractionation for C and N was 92 % and 89 %, respectively. The excessive 
water volume in the suspensions of all fractions was first reduced in an 
oven at 40 ◦C, and subsequently, all fractions were freeze-dried. 

2.6. Sequential extraction of Al and Fe reactive phases 

We evaluated the retention of net rhizodeposition 13C on the Al and 
Fe reactive phases using the sequential extraction adapted from Heck
man et al. (2018). Using 1.0 g of the MAOM fraction from the 0–4 mm 
layer, we first extracted the metal–organic complexes (MOC) with so
dium pyrophosphate and then the short-range order (SRO) phases using 
hydroxylamine. Both extracts were shaken for 16 h (at 300 RPM) in the 
dark and centrifuged (2744 g) for 1 h. The supernatants were filtered 
through 0.2 μm polyethersulfone syringe filters (Phenomenex Ltd, 
Aschaffenburg, Germany). The residual soil was oven-dried at 40 ◦C, 
ground, homogenized, and subsampled before the next extraction. 
Concentrations of Al and Fe in the extracts were determined using an 
inductively coupled plasma-optic emission spectrometer (ICP-OES) 
(Vista-Pro CCD simultaneous, Varian, Darmstadt, Germany). The C 
contents were measured in a subsample of the residual soil after each 
extraction step (see item 2.7). The amount of C extracted at each step 
was calculated by determining the difference between consecutive steps 
of the sequential extraction (solid-phase approach - Heckman et al., 
2018). 

Fig. 1. Simplified representation of the experimental design and the soil slicing, and a timeline of the experiment presenting the timing of labeling events. For 
simplification purposes, only two (not four) root ingrowth cores are represented in each mesocosm. 
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2.7. Elemental analysis and isotopic calculations 

All samples (bulk for all soil layers, SOM fractions at 0–4 mm, and the 
remaining soil after Al and Fe phases extractions at 0–4 mm) were 
analyzed for total C content and nitrogen (N) contents, and δ13C using an 
Elemental Analyzer (Euro EA, Eurovector, Milan, Italy) coupled to an 
isotopic ratio mass spectrometer (IRMS delta V Advantage, Thermo 
Fisher, Dreieich, Germany). 

The distribution of net rhizodeposition 13C in each of the SOM 
fractions was expressed as a percentage of the total 13C recovered in 
unfractionated soil (adapted from Hafner et al., 2012). The complete 
description of the calculations can be found in the supplementary ma
terial 2. In brief, the δ13C (‰) values were converted to 13C atom% 
excess, and the 13C enrichment of each soil layer or SOM fraction (13C 
atom% excess) was calculated according to the Eq. (1):  

13C atom% excess = 13C atom% [sample] − 13Catom% [unlabeled control](1) 

Where 13C atom% excess is the enrichment of 13C (%); 13C atom% 
[sample] is the 13C enrichment expressed as 13C atom% in the samples 
(%), and 13C atom% [unlabeled control] is the 13C enrichment expressed 
as 13C atom% in the unlabeled control. The unlabeled control comprised 
the unlabeled mesocosm without plants. Initially, we decided to include 
unlabeled references with plants in our experimental design to account 
for potential changes in the 13C enrichment derived from the eucalypt C 
input in the soil. This was necessary because the soil had a δ13C value of 
− 23.0 ‰, and the eucalypt C inputs (C3 plant) could potentially reduce 

its 13C enrichment. Nevertheless, there was no difference between the 
isotopic signature between the planted and unplanted unlabeled refer
ences at the end of the experiment (Table S5). In this sense, we opted to 
keep only the unplanted soil as unlabeled references for the 13C atom% 
excess calculation, as it is more commonly used in the pulse labeling 
experiments. 

The amount of 13C in excess that was incorporated in each soil layer 
or SOM fraction (net rhizodeposition 13C) was calculated according to 
Eq. (2):  

Net rhizodeposition 13C = 13C atom% excess/100 × C content × M 13-carbon/ 
M carbon × 1000                                                                            (2) 

Where net rhizodeposition 13C is the amount of 13C in excess in a given 
SOM fraction (µg of 13C/g of soil), 13C atom%excess is the enrichment of 
13C, C content is the content of C (mg g− 1 of soil), M 13-carbon is the 
molar mass of 13C (13.0 mg mmol− 1), M carbon is the molar mass of C 
(12.011 mg mmol− 1). The relative distribution of net rhizodeposition 
13C in the SOM fractions of the same experimental unit was calculated by 
the ratio between the net rhizodeposition 13C in a given fraction and the 
sum of net rhizodeposition 13C in all SOM fractions. This approach 
allowed us to quantify potential losses of 13C. 

2.8. PLFA analysis and calculations 

The incorporation of rhizodeposition 13C into the soil microbial 
community and the shifts in its structure were assessed by analysis of 
13C-enrichment in the phospholipid fatty acids (PLFA) for two selected 
layers of soil cores: 0–4 and 15–25 mm, and for three of the replicates. 
We selected these two layers because of their contrasting positions of the 
ingrowth core (Fig. 1), which allows the evaluation of the spatial effects 
in microbial communities along the root-to-soil gradient. 

The extraction of PLFAs followed the methodology described by 
Frostegård et al. (1991) and adapted by Kramer et al. (2013). Total lipid 
extraction was carried out by treating 2.0 g of freeze-dried soil with 
Bligh & Dyer solution (methanol, chloroform, and citrate pH 4, 2:1:0.8, 
v/v/v) followed by solid-phase extraction on silica gel columns (0.5 g 
SiOH, Bond Elut, Agilent). The polar fraction was converted into fatty 
acid methyl esters (FAMEs) by alkaline methanolysis and the extracts 
were dissolved in isooctane and stored for further analysis. We measured 
the PLFA samples in a Trace 1300 gas chromatograph (ThermoFisher 
Scientific, Waltham MA, USA) equipped with a ZB-5HT column (60 m, 
0.25 I.D., 0.25 µm film thickness; Phenomenex, Aschaffenburg, Ger
many) and flame ionization detector. The PLFA was quantified relative 
to an internal standard (nonadecanoic acid methyl ester – 19:0) and 
normalized according to the mean of results for a standard soil that was 
extracted along with the samples (Baumert et al., 2021, 2018). The 
isotopic enrichment of PLFAs was further analyzed with GC Isolink 
Trace GC ultra coupled to a Delta V Advantage IRMS (ThermoFisher 
Scientific). Unlabeled samples were also included in the analysis. 

Table 1 
Total organic carbon (C) and total nitrogen (N) contents, and C/N ratios of the treatments with rhizodeposition and control along with the distances to the root (mm).   

Treatment Distance to the root 

0–4 mm 4–8 mm 8–15 mm 15–25 mm 

C 
(mg g− 1) 

With rhizodeposition 32.2 ± 0.5 a1 34.1 ± 0.7 a 33.0 ± 0.2 a 32.5 ± 0.4 a 

Control 33.1 ± 0.4 a 33.3 ± 0.4 a 33.0 ± 0.3 a 31.9 ± 0.8 a 

N 
(mg g− 1) 

With rhizodeposition 2.1 ± 0.1 b 2.3 ± 0.1 a 2.2 ± 0.1 a 2.2 ± 0.1 a 

Control 2.3 ± 0.1 a 2.3 ± 0.1 a 2.2 ± 0.1 a 2.2 ± 0.1 a 

C/N With rhizodeposition 15.1 ± 0.1 a 15.2 ± 0.1 a 15.0 ± 0.1 a 15.0 ± 0.1 a 

Control 14.5 ± 0.1 b 14.6 ± 0.1 a 14.7 ± 0.1 a 14.6 ± 0.1 b  

1 Different letters indicate significant differences between the treatments with rhizodeposition and control. Means ± SE (n = 4) are compared between treatments by 
t-test at 0.05 of significance. 

Fig. 2. Soil δ13C values (‰VPDB) for the treatment with rhizodeposition and 
control as a function of the distance to the roots. Different letters indicate 
significant differences between the treatments with rhizodeposition and con
trol. Means ± SE (n = 4) from all treatments is compared by t-test at 0.05 of 
significance. 
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Subsequently, the PLFAs were classified in bacteria (i15:0, a15:0, i16:0, 
i17:0, cy17:0, cy19:0, 15:0, 16:1ω7, and 17:0), fungi (18:1ω9, 
18:2ω6,9), and unspecified microorganisms (14:0, 16:0, 18:0, 20:0) 
(Baumert et al., 2018). The obtained values of 13C-enrichment in the 
individual PLFAs were calculated in a similar way as the soil samples, 
and it is detailed in Supplementary material 2. The relative 13C-PLFA 
distribution in each microbial group (%) was calculated according to Eq. 
(3) (Zhu et al., 2017):  

Relative 13C-PLFA distribution = 13C-PLFA group/
∑13C-PLFA × 100   (3) 

Where 13C-PLFA group is the amount of 13C-PLFA incorporated into a 
specific microbial group, and 

∑13C-PLFA × 100 is the total amount 13C- 
PLFA incorporated into soil microorganisms (Total PLFA). 

2.9. Statistical analysis 

We assessed the impacts of rhizodeposition in soil variables using 
non-paired t-tests (With Rhizodeposition vs. Control). The homogeneity 
of variance was checked by Levene test, and the Shapiro-Wilk test was 
performed to test the normal distribution of the data. When required, 
data transformation was performed. All statistical analysis was 

conducted in R v. 4.1.2 (R Core Team, 2022; RStudio, 2023). The 
packages tidyverse (Wickham et al., 2019), car (Fox and Weisberg, 
2019), and ggplot2 (Wickham, 2016) were used for data processing, 
statistical analysis, and plotting the graph, respectively. We set the 
probability level of significance at p < 0.05. 

3. Results 

3.1. Total soil carbon and nitrogen contents, and δ13C values 

Rhizodeposition did not affect total soil C content at any distance 
from the root (mean of all distances 32.9 ± 0.2 mg g− 1 – Table 1). We 
observed a 6 % reduction of the total N content in the 0–4 mm layer in 
relation to the unplanted control (2.1 ± 0.1 vs. 2.3 ± 0.1 mg g− 1, 
respectively - Table 1). Concomitantly, an increase of 4 % and 3 % in the 
C/N ratio was also detected in the distances 0–4 and 15–25 mm, 
respectively (Table 1). 

Compared with the control, the δ13C values were significantly higher 
with rhizodeposition at all distances from the roots (Fig. 2). In this 
treatment, the 13C enrichment tended to decrease along with root-to soil 
gradient, exhibiting the highest δ13C values at 0–4 mm (-20.4 ‰) and the 

Table 2 
Total carbon (C) and nitrogen (N) contents, total amounts of C and N associated with the fractions, C/N ratios, and δ13C (‰VPDB) of the following SOM fractions: free- 
particulate organic matter (fPOM), occluded organic matter (oPOM), sand-sized organic matter (SSOM), mineral associated organic matter (MAOM)for the treatments 
with rhizodeposition and control at the 0–4 mm layer.   

Treatment SOM fraction 

fPOM oPOM SSOM MAOM 

C content 
(mg g− 1 fraction) 

With rhizodeposition 310.0 ± 24.3 a1 446.3 ± 8.6 a 3.4 ± 0.1 a 33.1 ± 0.2 a 

Control 325.0 ± 5.9 a 416.8 ± 27.1 a 4.1 ± 0.2 a 33.3 ± 0.1 a 

N content 
(mg g− 1 fraction) 

With rhizodeposition 10.4 ± 0.8 b 18.8 ± 0.5 a 0.2 ± 0.1 a 2.4 ± 0.1 a 

Control 12.5 ± 0.2 a 17.1 ± 1.2 a 0.2 ± 0.1 a 2.3 ± 0.1 a 

Fraction-associated C2 

(mg C g− 1 soil) 
With rhizodeposition 2.6 ± 0.6 a 4.8 ± 0.7 a 0.7 ± 0.1 b 25.6 ± 0.1 a 

Control 1.8 ± 0.5 a 2.4 ± 0.6 b 0.9 ± 0.1 a 25.6 ± 0.1 a 

Fraction-associated N2 

(mg N g− 1 soil) 
With rhizodeposition 0.1 ± 0.1 a 0.2 ± 0.1 a 0.1 ± 0.1 a 1.8 ± 0.1 a 

Control 0.1 ± 0.1 a 0.1 ± 0.1 b 0.1 ± 0.1 a 1.8 ± 0.1 a 

C/N With rhizodeposition 30.7 ± 4.3 a 23.8 ± 0.6 a 20.6 ± 0.9 a 13.9 ± 0.1 b 

Control 26.1 ± 0.1 b 24.4 ± 0.4 a 19.5 ± 0.7 a 14.3 ± 0.1 a 

δ13C (‰VPDB) With rhizodeposition − 28.0 ± 0.1 a − 27.8 ± 0.1 a − 24.6 ± 0.1 a − 20.0 ± 0.5 a 

Control − 28.7 ± 0.1b − 28.1 ± 0.1b − 24.3 ± 0.1 a − 22.4 ± 0.1 b  

1 Different letters indicate significant differences between the treatments with rhizodeposition and control. Means ± SE (n = 4) are compared between treatments by 
t-test at 0.05 of significance. 

2 The amount of fraction-associated carbon and nitrogen in each fraction was calculated from the product between its mass proportion and content. 

Table 3 
Iron (Fe), Aluminum (Al), and total carbon (C) bound in metal–organic (MO) complexes (Na-pyrophosphate) and short-range-order (SRO) phases of Al and Fe 
(Hydroxylamine) from the mineral associated fraction (MAOM) of the treatment with rhizodeposition and control at 0–4 mm layer.   

Treatment Total1 MO complexes SRO phases 

Fe (mg g− 1) With rhizodeposition 156.2 ± 1.0 29.9 ± 1.0 a2 2.4 ± 0.1 a 

Control 33.5 ± 2.8 a 2.2 ± 0.1 a 

Al (mg g− 1) With rhizodeposition 200.3 ± 1.5 21.5 ± 0.4 a 34.1 ± 1.2 a 

Control 23.4 ± 1.3 a 34.0 ± 1.6 a 

C (mg g− 1) With rhizodeposition 33.2 ± 0.2 a 14.2 ± 0.6 a 5.8 ± 0.7 a 

Control 33.3 ± 0.1 a 14.9 ± 0.5 a 5.2 ± 1.0 a  

1 The total amount for Fe and Al was obtained from the extraction with HClO4/HNO3/HF. For C, the total value refers to the C content obtained for the MAOM 
fraction before the sequential extraction of Al and Fe reactive phases (also presented in Table 2). 

2 Different letters indicate significant differences between the treatments with rhizodeposition. Means ± SE (n = 4) are compared between treatments by t-test at 
0.05 of significance. 
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lowest at 15–25 mm (-21.4 ‰). Meanwhile, the 13C enrichment in 
controls tended to be similar along with the distance to the root, with an 
average of 22.8 ‰ ±0.3. 

3.2. Soil organic matter fractionation 

The total C and N contents in the investigated SOM fractions were 
not altered by the presence of rhizodeposits (Table 2), except for the 
total N content of the fPOM fraction, which decreased by 5 % in relation 
to the control (p < 0.05). Despite of this, we observed that rhizodepo
sition almost double the amount of C and N retained within the oPOM 
fraction (p < 0.05 – Table 2). Meanwhile, rhizodeposition reduced the C 
associated with SSOM by 20 % (p < 0.05 – Table 2). Rhizodeposition did 
not affect the amount of C and N within the MAOM fraction, but 
significantly decreased its C/N ratio (13.9 ± 0.1 vs. 14.3 ± 0.1, 
respectively - Table 2). 

The presence of rhizodeposition significantly increased the δ13C 
values in all fractions, except for SSOM (Table 2). In the MAOM, the δ13C 
values increased from − 22.4 ‰ to − 20.0 ‰; in oPOM, increased from 
− 28.1 ‰ to − 27.8 ‰, and in fPOM increased from − 28.1 ‰ to − 27.8 ‰ 
(Table 2). 

3.3. Sequential extraction of al and Fe reactive phases in MAOM fraction 

The rhizodeposition did not affect the amount of Al, Fe and the total 
amount of C bound to the MOC and SRO phases in the MAOM fraction 
(Table 3). More than 40 % of the total amount of C within the MAOM 
fraction was extractable as MOC, while only 18 % were extractable as 
SRO phases. From the total amount of Fe and Al present in the MAOM 
fraction, 20 % and 11 % were extracted with the MOC, and 1 % and 17 % 
were extracted with SRO phases, respectively (Table 3). 

The δ13C values after the extraction of the Al and Fe phases were 
higher in the treatment with rhizodeposition in relation to the control (p 
< 0.05 – Fig. 3). After the extraction of MOC, the δ13C values of the 
residual MAOM was − 18.2 ‰ for the treatment with rhizodeposition 
and − 22.2 ‰ for the control. After the extraction of SRO, the residual 
MAOM had a δ13C value of − 18.3 ‰ for the treatment with rhizode
position and − 23.1 ‰ for the control. Overall, extraction of Al and Fe 
phases tended to increase the difference in the 13C enrichment between 
the treatment with rhizodeposition and the control. 

3.4. Relative distribution of net rhizodeposition 13C in SOM fractions 

We recovered 76.2 ± 3 % of net rhizodeposition 13C in the MAOM 
fractions (Fig. 4 and Table 5), whereas the other fractions retained much 
less net rhizodeposition 13C, with oPOM and fPOM accounting for only 
3.0 % ±1 and 2.8 % ±1, respectively. The amount of net rhizodeposition 
13C in SSOM was negligible. It has to be noted that 18 % of the net 
rhizodeposition 13C was not recovered after the fractionation procedure 
(Fig. 4). Additionally, within the Al and Fe extracts, we observed that 
11.6 % of the MAOM net rhizodeposition 13C was associated with MOC, 
as 16.3 % was associated with SRO phases (Fig. 4). The remaining net 
rhizodeposition 13C (75 %) stored in the MAOM fraction was not 
extracted with Al and Fe hydroxide sequential extraction and was found 
in the residual extract (Fig. 4). 

3.5. PLFA and microbial communities 

The abundance and characteristics of the microbial community were 
exclusively affected at 0–4 mm, but not at the 15–25 mm layer (Table 4). 
In the 0–4 mm layer, rhizodeposition increased significantly total PLFA 
by 80 %, bacterial biomarkers by 103 %, and fungal biomarkers by 25 %. 
At 15–25 mm, there was no difference between the treatment with 
rhizodeposition and the control in any of the parameters evaluated 
(Table 4). The amount of unspecified microorganism biomarkers and the 

Fig. 3. δ13C values (‰VPDB) in the residual mineral-associated fraction 
(MAOM) after the sequential extraction of Al and Fe from metal-organic com
plexes (MOC) and short-range order (SRO) phases for the treatment with rhi
zodeposition and control in the 0–4 mm layer. Means ± SE (n = 4) from all 
treatments is compared by t-test at 0.05 of significance. 

Fig. 4. Relative distribution of 13C net rhizodeposition in the following SOM fractions: free-particulate organic matter (fPOM), occluded organic matter (oPOM), 
sand-sized organic matter (SSOM), mineral-associated organic matter (MAOM), metal–organic complexes (MOC), short-range order (SRO) phases and residual (not 
extracted). Means (n = 4) were calculated in relation to the unfractionated soil from the treatment With Rhizodeposition. A detailed version of this graph is provided 
in Table 5. 
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F:B ratio was not affected by rhizodeposition in any of the layers 
(Table 4). 

The relative 13C-incorporation into PLFA assigned to different mi
crobial groups was very similar in the different distances of the roots 
(0–4 mm and 15–25 mm - Fig. 5). The majority of 13C-PLFA was 
recovered as fungal biomarkers (47–52 %), followed by unspecified 
microorganisms biomarkers (30–35 %). Bacterial biomarkers accounted 
for the smallest portion of the recovered 13C-PLFA (17–19 %). 

4. Discussion 

4.1. From rhizodeposits to mineral-associated organic matter 

More than 75 % of the net rhizodeposition 13C was recovered in the 
MAOM fraction (Fig. 4). This finding highlights the importance of 
mineral-organic interactions for the retention of the rhizodeposits in the 
soil, as has been previously discussed by Sokol et al. (2022) and Villarino 
et al. (2021). Rhizodeposits are particularly rich in low molecular 
weight soluble compounds, which can be adsorbed into the mineral 
surfaces directly or after their partial decomposition by soil microor
ganisms (Mikutta et al., 2019; Sokol et al., 2018). The interactions with 
the minerals reduce/prevent the decomposition of these compounds, 
increasing their residence time in the soil (Cotrufo et al., 2013). Our 

study provides direct evidence of the conversion of rhizodeposits into 
the MAOM fraction, extending results obtained from pure minerals or 
labeled reactants that were used as proxies of rhizodeposits (Neurath 
et al., 2021; Sokol and Bradford, 2019; Wu et al., 2022). Nevertheless, it 
is important to recognize that the fraction that is operationally obtained 
as MAOM is not homogeneous in terms of persistence and contains a 
highly dynamic portion that can be further decomposed by microor
ganisms (Sokol et al., 2022). 

Although only 2.8 % of the net rhizodeposition 13C was allocated to 
oPOM, we observed that root activity almost doubled the C associated 
with oPOM fraction (Table 2). The occlusion of SOM inside aggregates 
represents an important mechanism for SOM protection (Dungait et al., 
2012; von Lützow et al., 2008). Rhizodeposition-induced aggregation 
was shown to be mainly associated with the formation of macroaggre
gates and is mostly controlled by root growth and fungal hyphae 
expansion in soil (Baumert et al., 2021, 2018; Jeewani et al., 2020; 
Oades and Waters, 1991). An enhanced fungal activity is supported by 
the PLFAs results, which highlight the incorporation of rhizodeposit- 
derived C into the fungal communities (Fig. 5). Fungal hyphae pro
mote the occlusion of oPOM within aggregated soil structures via the 
enmeshment of mineral particles (Dungait et al., 2012; Oades and Wa
ters, 1991; Witzgall et al., 2021). Intriguingly, this effect was not fol
lowed by a proportional increase in 13C enrichment since oPOM δ13C 

Table 4 
Total Phospholipid fatty acids (PLFA) normalized for bulk C (nmol/g soil C), biomarkers from unspecified microorganisms, bacteria, and fungi, and fungal-to-bacterial 
ratio (F:B), in the treatments with rhizodeposition and control at the distances from the root of 0–4 mm and 15–25 mm.   

Treatment Distance to root 

0–4 mm 15–25 mm 

Total PLFA 
(nmol g− 1 soil C) 

With Rhizodeposition 2.03 ± 0.19 a1 1.81 ± 0.12 a 

Control 1.32 ± 0.14 b 2.13 ± 0.34 a 

Unspecified microorganisms 
(nmol g− 1 soil C) 

With Rhizodeposition 0.65 ± 0.06 a 0.55 ± 0.03 a 

Control 0.44 ± 0.10 a 0.64 ± 0.10 a 

Bacteria 
(nmol g− 1 soil C) 

With Rhizodeposition 0.73 ± 0.10 a 0.71 ± 0.07 a 

Control 0.36 ± 0.07 b 0.97 ± 0.21 a 

Fungi 
(nmol g− 1 soil C) 

With Rhizodeposition 0.66 ± 0.04 a 0.54 ± 0.02 a 

Control 0.53 ± 0.02 b 0.52 ± 0.03 a 

F:B With Rhizodeposition 0.93 ± 0.14 a 0.77 ± 0.12 a 

Control 1.55 ± 0.38 a 0.59 ± 0.23 a  

1 Different letters indicate significant differences between the treatments with rhizodeposition and control. Means ± SE (n = 3) are compared between treatments by 
t-test at 0.05 of significance. 

Table 5 
δ13C values, (‰), net rhizodeposition 13C (µg of 13C excess g− 1 of soil), and the relative distribution of net rhizodeposition 13C at the following SOM fractions: free- 
particulate organic matter (fPOM), occluded organic matter (oPOM), sand-sized organic matter (SSOM), mineral associated organic matter (MAOM), mineral-organic 
complexes (MOC) and short-range order (SRO) phases and residual (not extracted).  

SOM fractions δ13C Net rhizodeposition 13C Relative distribution2 

(‰) (µg of 13C excess g− 1 of soil) (%) 

fPOM  − 28.0 ± 0.1 0.04 ± 0.02 3.0 % ±1 
oPOM  − 27.8 ± 0.1 0.02 ± 0.01 2.8 % ±1 
SSOM  − 24.6 ± 0.1 0.00 ± 0.00 0.0 % ±0 

MAOM MOC1 – 0.05 ± 0.03 6.6 % ±5 
SRO1 – 0.14 ± 0.06 12.5 % ±5 
Residual – 0.58 ± 0.11 57.2 % ±4 
Subtotal − 20.0 ± 0.5 0.77 ± 0.14 76.2 % ±3 

Not found  – 0.18 ± 0.05 18.0 % ±3 

Bulk soil  − 20.4 ± 0.5 1.01 ± 0.20 100 % 

Means ± SE (n = 4) are presented. 
1 δ13C values of MOC and SRO were not measured directly, but the net rhizodeposition 13C were calculated by the difference between the 13C abundance after and 

before the extraction 
2 The relative distribution was calculated according to the unfractionated soil from the treatment with rhizodeposition 
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values were only slightly changed from − 28.1 ± 0.1 ‰ to − 27.8 ± 0.1 
‰ (Table 2). One possible explanation for this result is that those or
ganisms also fed on native SOM and not exclusively on rhizodeposits. 
Vidal et al. (2018) observed that bacterial cells in the rhizosphere were 
less enriched in 13C than the roots themselves and concluded that this 
was a dilution effect caused by consuming “native” SOM. 

We demonstrated that about 18 % of the net rhizodeposition 13C 
amount was not recovered after the density-size fractionation proced
ure, despite having an excellent recovery of the total soil C (92 % of C 
recovery). The density fractionation procedure requires washing SPT 
excess from the fractions, which can promote the removal of soluble and 
weakly mineral-associated C (Plaza et al., 2019) such as net rhizode
position 13C (Marx et al., 2010; Neurath et al., 2021). In our results, we 
assume the non-recovered portion of net rhizodeposition 13C is 
composed of this fraction. While this did not alter our main conclusions, 
we encourage future research to consider and report this C loss via 
density fractionation. 

4.2. Importance of reactive Al and Fe phases for the net rhizodeposition 
13C retention 

Our results show that more than one-fourth of the net rhizodeposi
tion 13C within the MAOM fraction was retained in the reactive Al and Fe 
phases (sum of MOC and SRO phases - Fig. 4). Meanwhile, most MAOM 
net rhizodeposition 13C (75 %) was not extracted and remained in the 
residual MAOM fraction. These results reveal that the Al and Fe reactive 
phases have a sizeable importance for the retention of net rhizodeposi
tion 13C. 

The extraction of SRO phases (hydroxylamine) yielded a higher 
amount of net rhizodeposition 13C in relation to the MOC extraction (Na- 
pyrophosphate) (Fig. 4). Similar results were observed by Jeewani et al. 
(2020). SRO phases of Al and Fe are composed of poorly-crystalline 
minerals (e.g., allophane and ferrihydrite) with a high specific surface 
area and abundant hydroxyl reactive sites (Kramer et al., 2012). These 
minerals have a strong affinity for phenolic and carboxylic functional 
groups (Kramer et al., 2012; Mikutta et al., 2009; Scheel et al., 2008), 
which are both present in the root exudates of eucalypt plants (Andrade 
et al., 2022; Silva et al., 2004). These compounds have many reactive 
carboxyl groups, which can adsorb to these minerals or form precipitates 
that resist to microbial decomposition (Scheel et al., 2008, 2007; Strahm 
and Harrison, 2008). 

MOC accounted for more than 40 % of the total C within the MAOM 
fraction, although had retained only 6.6 % of net rhizodeposition 13C 
(Fig. 4 and Table 3). Large amounts of C associated with MOC have been 

previously observed in other studies, which suggests that this fraction 
comprises a sizeable soil C pool (Coward et al., 2017; Wagai et al., 
2013). Nevertheless, the small retention of net rhizodeposition 13C 
suggests that this fraction would be constituted predominantly by rela
tively older C pools, which is also corroborated by radiocarbon results 
(Heckman et al., 2018). Na-pyrophosphate extractions must always be 
interpreted cautiously, especially for tropical soils, due to problems with 
the non-selective extraction of Al-bearing minerals and to peptization 
and dispersal of Fe colloids (Rennert, 2019; Schuppli et al., 1983). It is 
not possible to ensure that our extracts were completely free of colloidal 
materials, which can lead to an overestimation of the C and the metal 
content associated with this fraction (Schuppli et al., 1983). Despite 
these issues, this extraction left more than 80 % of net rhizodeposition 
13C within the residual fraction (Fig. 4), which clearly indicates that net 
rhizodeposition 13C was not majorly retained in this fraction. 

Our results show that most net rhizodeposition 13C was not extracted 
with the Al and Fe reactive phases and remained in the residual fraction 
(Fig. 4). This result implies that other minerals may be more critical for 
the retention of net rhizodeposition 13C within the MAOM fraction. One 
possible mechanism could be the association of net rhizodeposition 13C 
with more crystalline minerals, such as kaolinite and goethite, which are 
widespread in tropical soils (Schaefer, 2008). The retention of C in more 
crystalline phases is regarded as less effective due to the lower specific 
surface area and a reduced reactivity (Mikutta et al., 2006). However, 
other studies show that these minerals can still have an important role in 
protecting net rhizodeposition 13C (Neurath et al., 2021). 

Another possible mechanism is the protection of net rhizodeposition 
13C through the formation of stable microaggregates within the MAOM 
fraction (Lavallee et al., 2020; Totsche et al., 2018). Microaggregate 
formation is driven mainly by microbial-derived compounds, which act 
as a binding agent for the clay and silt-sized mineral particles (Oades and 
Waters, 1991). Our PLFA results show that rhizodeposition enhanced 
the abundance of microorganisms in the region close to the roots, which 
possibly contributed to the formation of these stable microaggregates 
(Table 4). Given the complex nature of the mineral-organic interactions 
(Kleber et al., 2021; Lehmann et al., 2020), it is likely that more than one 
mechanism operates for the retention of net rhizodeposition 13C in the 
soil. Our study provides evidence that Al and Fe reactive phases are 
significant agents for the persistence of net rhizodeposition 13C in the 
soil, but other underlying mechanisms are also likely to be involved. 

4.3. Net rhizodeposition spatial distribution and microbial community 
composition 

Our results showed that rhizodeposition increased the abundance of 
biomarkers of both fungal and bacterial communities in 0–4 mm layer 
but not at 15–25 mm from the roots (Table 4). These results reflect the 
distribution pattern of net rhizodeposition 13C, which had its maximum 
closer to roots and decreased beyond the rhizoplane (Fig. 2). Soil mi
croorganisms are limited mainly by C availability, and the input of easily 
decomposable organic substrates, such as the rhizodeposits, removes 
this limitation and boosts microbial activity (Kuzyakov and Blago
datskaya, 2015; Schimel and Weintraub, 2003). Since we observed a 
significant presence of net rhizodeposition 13C at 15–25 mm, it was also 
expected to have enhanced microbial activity in this layer. Instead, our 
results suggest that the amount of net rhizodeposition 13C dispersed 
through the 15–25 mm layer was insufficient to increase the microbial 
activity or change the microbial community structure composition. The 
effect of rhizodeposition on microbial activity is more limited, thus, to a 
relatively narrow zone of the soil, primarily close to the roots (Kuzyakov 
and Razavi, 2019). 

The 13C-PLFA distribution across the microbial biomarkers groups 
was very similar between the different layers (0–4 mm and 15–25 mm). 
About half of the 13C-PLFA was incorporated into the fungal PLFAs (50 
%), while bacterial biomarkers accounted only for about 19 % of the 
recovered 13C-PLFA (Fig. 5). We expected that the high concentration of 

Fig. 5. Relative 13C-labeled phospholipid fatty acids (13C-PLFA) recovered 
from each microbial group. Means (n = 3) from the treatment with rhizode
position are presented for the depths 0–4 and 15–25 mm. 
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C in the vicinity of the roots would result in a relatively higher 13C 
enrichment in the bacterial PLFAs due to its higher capacity for pro
cessing soluble and easily-available substrates, which are major com
ponents of rhizodeposits (Gunina et al., 2014; Jones et al., 2009). 
Instead, our results indicate that fungi outcompete bacteria for the 
initial utilization of root exudates, which is also supported by several 
other studies (Ge et al., 2017; Yuan et al., 2017; Zhu et al., 2017). The 
dominance of fungi is attributed to their capacity for acquiring rhizo
deposits through extended hyphal growth (Huang et al., 2020). Besides, 
the comparatively high proportion of fungal biomarkers in the 15–25 
mm layer also suggests that these organisms are serving as a long- 
distance conduit for the transfer of plant-derived C from the rhizo
sphere to the bulk soil, as has also been previously observed by Vidal 
et al. (2021) for plant litter. Together, these results provide evidence for 
the importance of fungi not only as the major microbial group for the 
processing of rhizodeposits and formation of rhizodeposit-derived SOM 
but also as an active agent of dispersal of rhizodeposit C beyond the root 
vicinity. 

5. Conclusions 

We provide direct evidence that majority of net rhizodeposition was 
retained in soil as mineral-associated organic matter (MAOM) and, to a 
lower extent, as occluded POM. We found that 28 % of the net- 
rhizodeposition C within the MAOM fraction was retained in associa
tion with the Al and Fe reactive phases, indicating that this is a sizeable 
and important fraction for the retention of rhizodeposits in the soil. 
Additionally, we observed that rhizodeposition strongly increasedthe 
abundance of microbial PLFAs in the root vicinity (0–4 mm) but not in 
the more distant regions of the root-free compartments (15–25 mm). 
This indicates that the effects of rhizodeposition on microbial activity 
are spatially constrained to a (small) soil volume in the direct vicinity of 
the root. Based on the 13C-PLFA results, we show that the fungal com
munity was the microbial group that incorporated the higher proportion 
of rhizodeposits. We thus emphasize the role of fungi in transferring 
root-derived C beyond the root vicinity and promoting the formation of 
occluded POM. 
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